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Abstract

Ecohydrological investigations commonly use the stable isotopes of water (hydrogen
and oxygen) as conservative ecosystem tracers. This approach requires accessing and
analysing water from plant and soil matrices. Generally, there are six steps involved
to retrieve hydrogen and oxygen isotope values from these matrices: (1) sampling,
(2) sample storage and transport, (3) extraction, (4) pre-analysis processing, (5) isotopic
analysis, and (6) post-processing and correction. At each step, cumulative errors can
be introduced which sum to non-trivial magnitudes. These can impact subsequent
interpretations about water cycling and partitioning through the soil-plant-
atmosphere continuum. At each of these steps, there are multiple possible options to
select from resulting in tens of thousands of possible combinations used by
researchers to go from plant and soil samples to isotopic data. In a newly emerging
field, so many options can create interpretive confusion and major issues with data
comparability. This points to the need for development of shared standardized
approaches. Here we critically examine the state of the process chain, reflecting on
the issues associated with each step, and provide suggestions to move our commu-
nity towards standardization. Assessing this shared ‘process chain’ will help us see
the problem in its entirety and facilitate community action towards agreed upon stan-

dardized approaches.

KEYWORDS
ecohydrology, plant water extraction, plant water uptake, soil water extraction, stable isotopes
of hydrogen and oxygen, standard operating procedure

literature raise such questions as: What plant/ soil water extraction

approaches and parameters were used (e.g., temperature, pressure,

Stable isotope values of hydrogen and oxygen (5%H, 8180, and less so
570) have become standard tools for investigating the water cycle
(Barbeta et al., 2022; Cernusak et al., 2016; Halbritter et al., 2020;
Jasechko et al., 2013; Sprenger, Tetzlaff, & Soulsby, 2017). But, unlike
isotope hydrology investigations that rely simply on sampled liquid
water, ecohydrological studies tracing plant and soil water require

extraction of that water before isotope analysis. Reviews of the

etc.)? What were the associated errors and extraction efficiencies?
Were corrections for extraction biases or organic contamination made
to the isotopic data, how were these corrections made, and are they
reported? Are the methods (i.e., extraction approach) described in
detail or just references to the literature? Were extracted samples
tested for organic contamination and did this inform isotopic analysis

approach selection? Answers to these questions are rarely obvious,
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and more problematic, the methods we all use are anything but
standardized.

Generally, there are six steps followed to retrieve stable isotope
values from plant and soil matrices: (1) sampling, (2) sample storage
and transport, (3) extraction, (4) pre-analysis processing, (5) isotopic
analysis, and (6) post-processing and correction (collectively the ‘pro-
cess chain’). For steps 1-5 errors can be introduced through evapora-
tive water loss. These cumulative errors may sum to +24%o for §2H
and +9.1%. for 50 (Fischer et al., 2019). Such errors are not trivial
when determining plant water sources nor in ecohydrological model-
ling, see Allen and Kirchner (2022). While in situ and in-line methods
that reduce the number of steps are seeing increased use
(Kihnhammer et al., 2022), destructive analyte extraction, specifically
cryogenic vacuum distillation (CVD), is still the most commonly
applied in plant ecohydrological research.

But for each discrete step, there are multiple possible options to
select from resulting in tens of thousands of combinations. This can
create interpretive confusion and major issues with data comparabil-
ity, and points to the need for the development of standardized
approaches.

Here we critically examine the state of the process chain used in
ecohydrological investigations, reflecting on the issues associated
with each step. We hope this might help us see the current problem
in its entirety and facilitate community action towards development
of common standardized approaches. This would allow future studies
to be directly comparable, which is not possible now (excluding data
generated from the same site under the same conditions). We suggest
improvements for each step with a focus on community development
of best practices and standardized approaches for isotopic ecohydro-

logical investigations.

2 | THEISSUES

For each process chain step (1-6) ecohydrologists select from multiple
options, summarized below. We use a plus symbol (+) to indicate that
a larger number of options may exist (classification dependent). We
conservatively simplify to the fewest options for each process
chain step.

For sampling, plant water sources are collected from soils, precipi-
tation/irrigation, groundwater, streams, or other water pools available
to plants (resulting in 5+ options). For sources of plant extracted ana-
lytes researchers collect leaves; root components (fine roots, taproots,
etc.); stem cores containing heartwood, sapwood, inner bark, outer
bark, or specific components; whole branches or twigs with or with-
out inner and/ or outer bark; free flowing sap water; and vapour sam-
pled in situ from vegetation (conservatively ~6-+ options).
Ecohydrologists often refer to the liquids collected from samples as
water. However, the term analyte is more appropriate, especially in
the case of plant, clay soil, and organic soil extracts as there are often
organic compounds co-extracted with the water. Those compounds
can cause errors during isotopic analyses (Brand et al., 2009; Martin-
Gomez et al, 2015; Millar et al, 2021; West et al, 2010).

Differentiation between the terms ‘water’ and ‘analyte’ is essential,
as ‘water’ implies no co-extracted organics, leading to mistreatment
further down the process chain. Even pure water is an analyte; but our
point here is about using terminology that differentiates between
pure and organic compound contaminated water. For pre-extraction
and analysis sample storage, one could choose plastic bags; plastic or
glass vials; or aluminium-laminated bags (4+ options). After collection,
samples are transported to a laboratory, often undergoing further
storage. During transport and storage samples could be in a frozen,
cooled, or non-cooled setting (3 options).

Next the plant and soil matrix constrained analytes are accessed,
typically via extraction. We are aware of eight common methods (8+
options): CVD (Jusserand, 1980; Koeniger et al., 2011; Orlowski
et al., 2013), microwave in-line distillation (Munksgaard et al., 2014),
chemical distillation approaches (Revesz & Woods, 1990), vapour
equilibration (in-line) approaches (Hendry et al., 2011; Kulmatiski &
Forero, 2021; Magh et al., 2022; Scrimgeour, 1995), centrifugation
approaches (Barbeta et al., 2022; Peters & Yakir, 2008), high pressure
mechanical squeezing (Bottcher et al., 1997), Scholander-type pres-
sure chamber (plants only) (GeiBler et al., 2019; Magh et al., 2020;
Zuecco et al, 2022), suction or passive lysimeters (soil only)
(Weihermdller et al., 2005, 2007). We exclude in situ approaches
(Magh et al, 2022; Marshall et al., 2020; Rothfuss et al., 2013;
Volkmann et al., 2016; Wang et al., 2012) as these collect, instead of
extract, analytes via natural processes (i.e., plant internal vapours).

Before isotopic analysis, collected analytes can be processed to
remove co-extracted organic compounds. Charcoal filters can
adsorb contaminants (Martin-Gémez et al., 2015), in-line combus-
tion modules burn off contaminants (Cui et al., 2021), or no pre-
processing occurs (3 options). Options for isotopic analysis are iso-
tope ratio mass spectrometry (IRMS) or isotope ratio infrared spec-
troscopy (IRIS). IRMS methods include high temperature thermal
conversion, and CO, and H» equilibration, while IRIS methods (lig-
uid or vapour modes) are off axis-integrated cavity output spectros-
copy (OA-ICOS) and cavity ring down spectroscopy (CRDS)
(6 options) (Epstein & Mayeda, 1953; Martin-Gémez et al., 2015;
Morrison et al., 2001; West et al., 2010). During isotopic analysis,
water standards are required to calibrate and validate generated
data. The frequency of standard measurements during analyses
affects the precision of the calibrated isotope values (Wassenaar
et al., 2021). Subsequently, post-processing correction and/or con-
tamination identification approaches can be applied to correct
organic compound induced spectral contamination errors, surface
fractionation, or other introduced biases (i.e., those potentially
introduced by CVD) (Chen et al., 2020; Leen et al., 2012; Millar
et al,, 2021; Nehemy et al., 2019; Schmidt et al., 2010). Spectral
contamination induced errors occur during IRIS analyses only
(Brand et al., 2009; Martin-Goémez et al., 2015; Millar et al., 2021;
West et al., 2010). Many kinds of corrections exist, so we simplify
to the binary choice: applied correction(s) or no correction(s)
(2 options).

To summarize, the number of possible option combinations to go

from plant and soil samples to isotopic data is between 38 880 and
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103 680 combinations! (Table 1). This exemplifies the urgent need for
standardization, community discussion, and action. We now elaborate
on the process chain issues to define and review the status quo, after

which we outline possible routes towards standardization.

21 | Step 1: Sampling approaches

2.1.1 | Step 1a: Plant sampling

Sampling approach covers the parts of the plant/soil matrix sampled
and how samples are processed. During plant sampling, several tem-
poral and spatial considerations are made. Decisions about
ecosystem-representative species can be difficult and may require
local expertise. Various plant components can be selected and pro-
cessed in multiple ways. One can choose from suberized or non-
suberized twigs, or bark can be left on/removed. Cores can include
xylem and phloem, or those components can be separated. Leaf veins
can be separated from whole leaf tissue. Samples can be macerated or
left intact. Duration of field sampling and local environmental condi-
tions (temperature, humidity, etc.) can impact evaporation rates from
samples.

When plant samples are collected, clipped edges will lose water
through evaporation while other tissues keep transpiring. The latter
affects the analyte's isotopic values through evaporative fractionation
(Fischer et al., 2019). Analyte source choices (e.g., xylem only
vs. whole tissue) can impact which pools of plant water we access,
impacting our measured isotope values and subsequent interpreta-
tions (Zhao et al., 2016). Previous research showed significant 52H dif-
ferences of up to 24%. between xylem water and whole tissue water
from roots, stem cores and twigs taken from Populus euphratica (Zhao
et al, 2016). In other research, root, stem, leaf, and flower analytes
showed differences of up to 51%o for 8°H and 14%. for 820 in a her-
baceous species (Millar et al., 2018). Barbeta et al. (2022) showed dis-
tinct differences between the 8°H of whole stem samples and those
extracted from xylem sap only. Furthermore, vegetation transpiration
has daily and seasonal cycles. Thus, temporal sampling choices are
important as these impact which plant water sources are reflected in
extracted plant analytes (Nehemy et al., 2022).

Plants contain different cells and organs which participate in
water and organic compound transport and storage. These pools of
water (hydrogen and oxygen), which are not entirely separated and
may exchange within vegetation, are the apoplastic ‘xylem sap’ water;
the symplastic phloem water; the symplastic radial and axial paren-
chyma water; the intercellular ‘capillary’ water; and the ‘fibre’ or cell
wall and organelle bound water (Barbeta et al., 2022). Xylem can con-
tain actively flowing apoplastic sap and parenchyma and fibre cells
that are not actively transporting water. Plants also contain organic
compounds such as methanol, ethanol, carbohydrates, cellulose, ter-
penes, and so on, which themselves contain hydrogen and oxygen
that might exchange with water in the plant at variable rates (Chen
et al.,, 2020; Fogel & Cifuentes, 1993), in specific cells sites, and in the
presence of specific enzymes (Gessler et al., 2013). The composition

and amounts of these compounds change depending on the plant's
phenological state. These various pools of plant bound hydrogen and
oxygen can contribute to the isotopic values of the extracted analytes
and are particularly relevant in cacti and other succulents given the
way those species compartmentalize and constrain water (Hultine
et al, 2019). There are currently large uncertainties and debates
regarding how these plant-bound hydrogen and oxygen pools contrib-
ute to the analyte's overall isotopic composition during bulk extraction
(i.e., with CVD, see step 3 below) (Barbeta et al., 2022; Zhao
et al., 2016). The literature has shown that analytes held in different
plant components can have different stable isotope values. We reiter-
ate this to highlight the importance of sampling considerations on
access to unique pools of plant matrix-constrained hydrogen and

oxygen.

2.1.2 | Step 1b: Plant water source(s) sampling:
soils, groundwater, streams, precipitation, irrigation

Plant water sources have fewer sampling options, relative to plant
sampling options, given the nature of the material. Additionally, tem-
poral sampling choices (snapshot vs. continuous in situ monitoring)
affect how/if we detect changes in the soil water isotope values over
time. The latter also relates to water uptake timing in plants, that is,
how long does a change in the isotope values of vegetation water
sources take to be reflected in that vegetation's water isotope signals?
See Seeger and Weiler (2021) for discussion. As with plants there are
isotopically unique pools of soil water (Bowers et al, 2020;
Brooks, 2015; Brooks et al., 2010; Oerter & Bowen, 2017; Sprenger
et al., 2015). For soils, the analyte extraction method determines
which water pools are extracted from a given sample (Bowers
et al., 2020). Extraction approaches for soil are mentioned here due to
overlap between sampling considerations and choice of extraction
method. Soil particle size and matric tensions partially partition soil
water pools. Extraction approach access of these partitioned pools is
addressed in Bowers et al. (2020), Oerter and Bowen (2017), Orlowski
and Breuer (2020), Sprenger et al. (2015).

Typically, boreholes and pit excavation approaches are used when
collecting soil samples near vegetation of interest. The number of
samples and the ways in which they are grouped (i.e., arbitrary depth
groupings) have implications for how hydrological source end mem-
bers are defined. An original underpinning assumption of using stable
isotope values to determine plant water sources is that ‘The isotopic
composition of the soil water is laterally homogeneous within the
rooting area of the tree’. (Brunel et al., 1995), although the authors
noted that was unlikely to be true. Modern research confirms that soil
water isotope values are highly heterogeneous (Berry et al., 2017;
Brodersen et al., 2000; Gaj, Kaufhold, Koeniger, et al., 2017; Oerter &
Bowen, 2019; Sprenger, Leistert, et al., 2016; Sprenger, Seeger,
et al., 2016; Sprenger, Tetzlaff, Tunaley, et al., 2017). Increasing the
number of soil samples collected and the time frame over which sam-
pling occurs could improve the resolution of soil stable isotope values;

as could in situ continuous monitoring techniques. Still, both options
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increase costs and technical expertise for sampling. Since in situ
methods tend to non-destructively access plant/ soil constrained ana-
lytes, they could be considered within the sampling step. Recent
research has assessed these techniques and their uncertainties
(Kihnhammer et al., 2022).

2.2 | Step 2: Sample storage and transport
221 | Step 2a: Storage media choices can affect
sample isotopic integrity

Sample storage considerations are rarely reported in published
research, likely because it was assumed they did not impact isotopic
results. However, these are important as samples will continue to
evaporate within their storage containers. Thus, it is critical that stor-
age containers do not leak. Storage media choices are plentiful, rang-
ing from glass vials, plastic vials of various composition (e.g., high- and
low-density polyethylene; HDPE and LDPE respectively), zip-sealable
freezer bags by various manufacturers, and zip-sealed or heat-sealed
aluminium laminated bags. Bags are typically used with vapour
approaches while vials are used for CVD and others. Typical bag vol-
umes are ~1 L with vials being between ~12 ml to 1+ L. Vials are
sealed with plastic caps which are solid or contain plastic or rubber
septa. Another issue is the temperatures used during sample transport
and pre-extraction storage: are they frozen (<0°C), kept in a cool set-
ting (~5°C), or kept at ambient room temperature (223°C)? Recent
research has suggested a correction method for storage effects on
sample isotopic compositions (Magh et al., 2022), but study specific
storage correction coefficients should be developed and applied.
Storage media materials can affect sample stable isotope values.
Isotopic fractionation effects can occur via diffusion across mem-
branes (Chmielewski et al., 1991) and during storage in polymer vials
(Bottcher & Schmiedinger, 2021; Spangenberg, 2012; Spangenberg &
Vennemann, 2008). Research showed isotope fractionation up to 4%o
and 5%o for §°H and 0.7%o. and 2%o. for 580, over a ~1-year storage
period for water in polymer vials (Bottcher & Schmiedinger, 2021;
Spangenberg, 2012; Spangenberg & Vennemann, 2008). These effects
were connected to the container size, type of organic polymer, and
wall thickness. Glass vials with polypropylene (PP) screw caps, thick-
walled HDPE bottles, and perfluoroalkoxy-teflon (PFA) containers all
preserved the original sample isotope values (Bottcher &
Schmiedinger, 2021; Spangenberg, 2012). Other research assessed
storage media choices and equilibration times for the direct vapour
equilibration-IRIS approach (DVE-IRIS) (Gralher et al., 2021). They
tested 10 different inflatable bags made of differing materials and vol-
umes (0.8-2.5 L) for sample loss during equilibration time periods up
to 71 days. They found significant water loss over time from plastic
freezer bags while heat-sealed aluminium (Al) laminated bags were
water-loss free. As illustration, we provide O, transmission rates
materials: LDPE, PET
(Polyethyleneterephthalate) and PP plastics (commonly used in zip

through common storage media

seal bags), as compared to Al-laminated plastics. At 23°C and 0%

relative humidity 117 pm thick LDPE and PET coated papers showed
O, permeation values of 768 and 78 cm®/m?/day, respectively. Al-
laminated LDPE and Al-laminated PET papers had values of 277 and
18 cm3/m2/day, respectively (Johansson et al., 2019). Further, a
77 um thick multi-layer Al-laminated plastic membrane (composed of
PP-Al/ PET-Al/ LDPE) at 23°C and 50% relative humidity, had O,
transmission rates of 0.07 cm®/m?/day (Schwab et al., 2016).

To highlight storage media material issues, Figure 1 shows new
data from our pilot testing of the diffusion effects of sample con-
tainers used in the DVE-IRIS approach. Four storage media were
tested: two kinds of zip-seal plastic bags (PB1 and PB2) (~1 L), alu-
minium lined mylar bags (Al-mylar) (~1 L), and glass canning jars
(0.25 L). Four sample volumes were assessed: 2, 5, 10, and 20 ml
(n = 6 per volume and container type). Results showed that both
types of zip-seal plastic bags (PB1, PB2) are unacceptable containers
for sample storage or equilibration greater than 24 h (Figure 1). For
example, isotopic values for the PB1 24-h equilibration 10 ml samples
had an absolute difference from the reference water of 3.67%o (52H)
and 1.23%o (5180), exceeding our lab accepted error for vapour ana-
lyses (+2.2%o for §?H and +0.4%o for §20). Both the Al-mylar bags
and the glass jars showed acceptable results for all water volumes at
24-h equilibration time. After 5 days of equilibration the Al-mylar bags
and glass jars outperformed the two zip-seal plastic bags at all water
volumes. The Al-mylar bags had the smallest variability (+1.30%o (§2H)
and +0.2%o (6'80)) (n = 24) for all volumes at 5 days equilibration.
The latter variabilities were below our accepted error for vapour ana-
lyses. These results confirm previous findings (Gralher et al., 2021)
and demonstrates the perils of storing samples (especially low water
volume samples) in zip-sealed plastic bags for even short periods.

Clearly storage media choices matter.

2.2.2 | Step 2b: Temperature and pressure effects
during storage and transport

Temperature and pressure variables are interrelated with the sampling
step, and are not often reported (i.e.,, temperatures during suction
lysimeter sampling). Microbial reproduction and respiration can con-
tinue during sample storage (depending on ambient conditions), until
samples are placed in a state which limits these processes (e.g., cooled
storage) (Fischer et al., 2019). Freezing or cooling samples during
transport and storage is thought to mitigate temperature related frac-
tionation effects, limit sample decomposition, limit generation of
reducing environments, and reduce microbial activity (typically an
issue in soils) which thereby limits CO, buildup (Fischer et al., 2019;
Gralher et al., 2021). For IRIS analysers, changes in the gas matrix
(i.e., caused by CO, build up), can affect measured isotopic values
(Gralher et al., 2016, 2021). However, freezing samples may destroy
soil microstructures (Gralher et al., 2021), and causes bursting of cell
walls in plant samples (Fischer et al., 2019; Millar et al., 2018). Thaw-
ing of frozen samples stored in plastic bags can result in sample water
loss up to 10%-20% (Fischer et al., 2019). Plant cell wall bursting
could enhance the release of organic compounds and mixing of plant
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FIGURE 1

Box plots of 8°H and 880 values for water equilibrated in various storage media; measured via DVE-IRIS on a Los Gatos Research

(LGR; Los Gatos research Inc., San Jose, CA, United States) OA-ICOS system. Tested storage media were: Zip-seal plastic freezer bag 1 (PB1), zip-
seal plastic freezer bag 2 (PB2) both 1-L volumes; aluminium-lined mylar bags (CB) (1-L); and glass canning jars (GJ) (0.25-L). Each replicate was
measured at equilibration times of 24 h and again at 5 days (5d). Sampling locations on each container were resealed between the two
measurement events. Replicate isotopic values were compared against known references. reference water was the same source water used in
preparation of all samples. The reference, analysed as liquid samples via OA-ICOS, had §2H of —140.56%o (+0.7), and 880 of —17.44%o (+0.09),
n = 6. Our lab's 2-sigma uncertainties for liquid water analyses are 2%o (52H), 0.8%o (5:80). For liquid water analyses our lab's reproducibility is
+1.0%o (52H), £0.2%o (5180). Generally, our lab error for the DVE-IRIS method is greater with 2-sigma uncertainties of 4.0%o (52H), 0.7%o (6*20);
and a reproducibility of 2.2 (§2H), 0.4 (5180), n = 58 for 82H and §20. All values are reported as parts per thousand (%) according to the
Vienna Standard Mean Ocean Water-Standard Light Antarctic Precipitation (VSMOW-SLAP) scales

bound hydrogen and oxygen pools within storage containers. For bulk
plant analyte extraction methods (e.g., CVD), this water pool mixing
may be less of an issue as the extraction step is thought to collect the
bulk analyte isotopic composition anyways. This hypothesis requires
further testing to confirm; however, with newer extraction methods

aimed at collecting specific pools of plant analytes (Barbeta

et al., 2022; Zuecco et al., 2022), potential mixing of plant water pools
within storage media is a concern.

Samples transported by airplane can be exposed to conditions
that could compromise storage media integrity. Samples could
undergo freezing and thawing unless stored in temperature-controlled

conditions; and are exposed to pressure changes that can result in
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leakage. Additionally, research materials are commonly held up to
months in customs under variable and uncontrolled conditions. Stor-
age temperature may induce fractionation effects in water samples
stored in LDPE containers (Bottcher & Schmiedinger, 2021). Over a
1.5-year storage period at temperatures of 4-10°C, they found no sig-
nificant sample diffusion occurred through container walls, but at
higher temperatures (23 and 60°C) diffusion resulted in hydrogen and
oxygen fractionation. At 23°C isotope values increased by +0.5%0
(52H) +0.1%o (5170), and +0.2%. (5180), while at a 60°C storage tem-
perature isotope values had increased by +28%o (62H), +5%o (5170),
+10 %o (5*0). Although, 60°C storage conditions are uncommon, this
indicates the risks of storing samples at room or higher temperatures
over long periods in plastic containers.

2.3 | Step 3: Extraction of analytes

The extraction step involves analyte removal from plant and soil sam-
ples. Beyond potential extraction induced errors (Chen et al., 2020;
Fischer et al., 2019), we suggest that the greatest concern is the wide
variety of extraction approaches being utilized and the lack of unified
standard operating procedures (SOP) to guide their use (see Gralher
et al., 2021; Orlowski et al., 2018). Research showed that significant
differences were found in the isotopic composition of analytes
extracted by various tested extraction methods (Barbeta et al., 2022;
Kelln et al., 2001; Mennekes et al., 2021; Millar et al., 2018, 2019;
Orlowski et al., 2018; Orlowski, Pratt, & McDonnell, 2016; Zuecco
et al., 2022). See Table 2 for extraction method error ranges.

Even the well-established and commonly applied CVD approach
(Koeniger et al., 2011; Orlowski, Pratt, & McDonnell, 2016; Song &
Barbour, 2016) lacks a unified SOP and suffers from data incompara-
bility (Orlowski et al., 2018). The lack of extraction method SOPs (for
all methods) is troubling given the commonality of American Society
for Testing and Materials (ASTM) and International Atomic Energy
Agency (IAEA) standards for many laboratory procedures, and given
the widespread use and cross comparison of data generated by these
methods (e.g., Evaristo et al., 2015). Here we centre our discussion
around the CVD method due to its common use. However, our state-
ments could also be applied to other analyte extraction methods.
CVD is one of the most extreme in terms of its extraction of metabolic
process waters in addition to our typical water pool of interest: tran-
spiration waters.

The physical characteristics of an extraction system can be unique
between laboratories. CVD designs vary between large manifold style
systems (Orlowski et al., 2013; West et al., 2006) to smaller single
chamber systems (Koeniger et al., 2011). However, barring extreme
cases like air leaks, these design differences are not as relevant to iso-
topic measurement outcomes as the extraction conditions are. CVD
extraction conditions of concern are temperature, time, and pressure,
Variations in which can affect isotopic results (MeiBner et al., 2014;
Orlowski et al., 2013; Orlowski, Breuer, & McDonnell, 2016). Pub-
lished extraction temperatures range between 80 and 200°C
(Koeniger et al.,, 2011; Orlowski, Pratt, & McDonnell, 2016; West

et al, 2006); extraction times are between 15 min (Koeniger
et al., 2011; Millar et al., 2018) and 360 min (Mora & Jahren, 2003;
Orlowski, Breuer, & McDonnell, 2016); and extraction pressures are
between 0.13 and 13 Pa (Orlowski et al., 2013). CVD utilizes pressure
and temperature changes to induce a phase change in the matrix
bound water. Extraction of the lighter isotopes occurs first, followed
by the heavier ones as extraction progresses.

Extraction temperatures affect the complete recovery of water
from a given sample and incomplete recovery causes differences in
the isotope values of extracted analytes (Kelln et al., 2001; Orlowski
et al, 2018; Orlowski, Breuer, & McDonnell, 2016; Orlowski
et al., 2013). CVD extraction times depend on the design of the sys-
tem, and more importantly on sample size and water content. Extrac-
tion temperature and time effects on an analytes' isotopic results are
interrelated with sample water contents. For instance, CVD &%H
extraction biases can be exacerbated by plant sample water contents
(smaller effects with high water contents) (Chen et al., 2020). An
incomplete extraction (<98%) results in an analyte whose isotopic
composition is fractionated relative to the sample's original composi-
tion (Araguds-Araguas et al., 1995). While a variety of extraction con-
ditions are published for CVD, the critical concern relating to analyte
fractionation is extraction efficiency. This information is often not
reported. Gravimetric extraction efficiency tests (see Hervé-
Fernandez et al., 2016) should be applied to all samples undergoing
phase-change-driven analyte extraction. For those extraction
approaches, any samples with extraction efficiency below 98% are
considered failed extractions (Araguds-Araguas et al., 1995). This is a
crucial check for data integrity.

Newly developed extraction methods are often validated against
the CVD approach (Munksgaard et al., 2014; Peters & Yakir, 2008;
Scrimgeour, 1995; Volkmann et al,, 2016). However a worldwide
inter-laboratory comparison of CVD systems showed data reproduc-
ibility issues between the participating laboratories with substantial
differences in extracted analytes of +18.1%o to —108.4%. for §2H
and +11.8%o to —14.9%0 for 520 relative to a known reference
(Orlowski et al., 2018). These differences were linked to soil type,
water content, extraction efficiency, and laboratory internal accuracy.

Beyond the issue of CVD generated analyte's dissimilarity,
another problem was that inter-lab differences were not linked to
internal lab extraction conditions nor to the standardized extraction
conditions set out in that trial (Orlowski et al., 2018). This implies that
developing a unified SOP for CVD (or other extraction approaches)
may be difficult. Orlowski et al. (2018) suggested labs could internally
test their extraction systems against a variety of spiked soils with dif-
fering physicochemical properties to develop system specific transfer
functions. However, discussion of the validity of soil spiking experi-
ments pertaining to analyte extraction and analysis are ongoing since
soil properties can impact analyte isotope composition (Gaj, Kauf-
hold, & McDonnell, 2017; Thielemann et al., 2019; Wen et al., 2021).
One such issue is spike water retention via hydration of clay minerals
and other soil cations (Gaj, Kaufhold, & McDonnell, 2017; Kelln
et al, 2001; Lin et al, 2018; Lin & Horita, 2016; Oerter et al., 2014;
Wen et al., 2021). Another is that soil carbonate induced biases in 50
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values of extracted analytes (MeiBner et al., 2014). Finally, non-equal
equilibrium isotope fractionation was found between two systems com-
monly present in vapour analysis scenarios: the first being a silica-
adsorbed soil pore water-water vapour system, and the second a bulk
liquid water-water vapour system (Lin & Horita, 2016). The latter has
implications for vapour methods (in sity, in-line, DVE-IRIS) used on soils
rich in silica, alumina, and other clay minerals. The differences noted in
Orlowski et al. (2018) could be related to spiking treatments, soil proper-
ties, or to some as of yet unknown biases (Allen & Kirchner, 2022).

A further issue is the lack of comparability between the various
types of extraction approaches. Extraction method intercomparisons uti-
lizing soils spiked with waters of known isotope values, natural bulk soils,
and plants grown in controlled and natural conditions showed significant
differences in the isotopic values of analytes extracted by the tested
methods (Barbeta et al., 2020; Kelln et al., 2001; Kubert et al., 2020;
Mennekes et al., 2021; Millar et al., 2018, 2019; Orlowski et al., 2019;
Orlowski, Pratt, & McDonnell, 2016; Zuecco et al., 2022). In the case of
soils, the research found some extraction approaches were closer to
their ‘truth value’ than others or that isotope values of extracted ana-
lytes were statistically different between methods. However, analytes
extracted from soils by different methods (such as suction lysimeters,
squeezing or centrifugation) might also represent distinct soil water
pools, relative to analytes obtained by CVD (Bowers et al., 2020;
Sprenger et al., 2015). For plant analyte extraction method intercompari-
sons, where ‘truth’ (stable isotope reference) values were difficult to dis-
cern, the extraction systems produced results that were notably/
statistically different from one another (Mennekes et al., 2021; Millar
et al., 2018). However, other recent research showed that isotopically
similar results were generated between CVD extraction and in situ anal-
ysis of plant analytes (Kilhnhammer et al., 2022).

In situ plant vapour analyses techniques combined with IRIS ana-
lyses (Marshall et al., 2020; Volkmann et al., 2016) have shown prom-
ise at generating reliable isotopic data for plants. However, currently
unresolved issues related to organic contamination driven spectral
interference (Millar et al., 2021; Nehemy et al, 2019; Volkmann
et al., 2016), which may be enhanced in vapour equilibration
approaches, including in situ measurements (Millar et al., 2021), sug-
gests such methods be used with caution. These vapour analyses may
be more prone to organic compound driven spectral interference
errors due to the potential for contaminants concentrating at higher
levels in the vapour phase headspace (relative to their original concen-
trations in the liquid phase).

24 | Step4,5, and 6: Pre-processing, isotope
analyses, and post analysis corrections

Isotopic analysis of plant and soil extracted analytes takes place on
IRMS or IRIS systems. IRIS system advantages include lower opera-
tion costs, higher sample throughput, and generation of results as
accurate as IRMS approaches for pure water (Schultz et al., 2011).
Therefore IRIS systems have become widely adopted as analytical

methods for hydrological and ecohydrological research. Between the

2016 and 2020 IAEA water stable isotope inter-comparisons
(WICO), there was a 23% decline in submissions from laboratories
using IRMS systems (Wassenaar et al., 2018, 2021). 68.9% of labs
submitting data to WICO2020 used IRIS systems. In ecohydrology
the shift from IRMS to IRIS systems increases the need to resolve
spectral contamination driven error issues, and inter-laboratory data
consistency for IRIS systems. Steps 4-6 are interrelated and thus
discussed together here.

Pre-processing of analytes can be used to address the issue of
co-extracted organic compounds. Spectral contamination induced
errors during IRIS analyses of plant and soil extracted analytes is well-
studied, the sources of which are understood (Brand et al., 2009; Mar-
tin-Gomez et al., 2015; West et al., 2010; Zhao et al., 2011). Tech-
niques have been developed for removal of organic compounds
before analysis such as pre-processing filtration (West et al., 2010),
combustion (Gazquez et al., 2015; Martin-Gémez et al., 2015), or
solid-phase extraction (SPE) (Chang et al., 2016). Filtration was less
useful than combustion or SPE at removal of organic contaminants
(Chang et al., 2016; West et al., 2010). While these techniques have
utility they are not a catch-all; commercially available combustion
techniques increase errors in ethanol contaminated samples due to
the production of alcohol primary oxidation products (Chang
et al., 2016). Of the two IRIS system manufacturers (Picarro and LGR),
only Picarro makes a proprietary combustion device, whereas no such
device currently exists from LGR.

If pre-processing options are not available, or effective, IRIS users
have access to software that can detect spectral contamination during
liquid-mode analyses (Leen et al., 2012; Schultz et al., 2011; West
et al., 2011): LGR's Liquid Water Isotope Analyser-Spectral Contami-
nation Identifier (LWIA-SCI) software, and Picarro's ChemCorrect
organic interference identification software. The LWIA-SCI software
allows for user modification of standard deviation (SD) settings which
controls the flagging of contaminated samples. Settings modification
by users can thus obscure contamination detection by this software.
LGR recommends a SD setting of 3 and 5 for narrow band and broad
band spectral contamination metrics, respectively, for proper and
complete contamination detection (LGR, 2017). However, LGR's soft-
ware currently only functions during liquid-mode analyses. Neverthe-
less, post analysis detection of organic contamination is possible for
vapour-mode analyses via IRIS by utilizing 1”O-excess values or a CH,4
metric (Kihnhammer et al., 2022; Millar et al., 2021; Nehemy
et al., 2019). Contamination detection software usable during vapour-
mode analyses is sorely needed given the enhanced risks that contam-
inants present specifically to vapour methods; see Millar et al. (2021).

While both methodologies (IRMS/IRIS) are well-established, 17%
of participating laboratories in the WICO2020 report produced results
that did not match to the known water sample isotope values
(Wassenaar et al., 2021). Even more concerning, 49% of laboratories
could not replicate results within their lab's stated error ranges for a
set of blind duplicate samples! Promisingly, considering the prolifera-
tion of IRIS systems, the top performing laboratories for §2H and 5§20
categories utilized IRIS systems. However, in the 7O category IRMS
methodologies outperform IRIS systems. All labs utilizing IRMS for
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870 analyses produced exceptional results, whereas only a few IRIS
labs produced acceptable 8170 results within the +0.03%o precisions
required by WIC02020. Seventy percent of the WICO2020 IRIS par-
ticipants could not replicate 57O data within their lab's stated error
ranges for the blind duplicate samples (Wassenaar et al., 2021). To
generate accurate 570 data from water with IRIS instruments, spe-
cialized procedures (high injection replication and comprehensive post
processing) are needed to achieve the required precisions of +0.01%o
(Berman et al., 2013; Wassenaar et al., 2021). However, utilizing 70-
excess values as a contaminant detection tool requires lower preci-
sions (see Millar et al., 2021). Wassenaar et al. (2021) note the follow-
ing issues regarding IRIS generated 5170 data: (i) there is a lack of
7O-certified primary reference waters for standard calibration;
VSMOW?2 being the only one with a certified §¥7O value; (i) new
SOPs and post processing procedures are required to overcome IRIS
memory and drift issues; (i) SLAP2 (Standard Light Antarctic Precipi-
tation 2) has multiple published 8*”Oysmow Vvalues (—29.2000%o to
—29.7090%o) which are used during data normalization (Wassenaar
et al,, 2021).

The choice of unique SLAP2 8Oysmow normalization values
affects the final 8170 isotope value data. Following the WICO2020
findings we internally tested the commonly used SLAP2 8'”Oysmow
value of —29.6986%. (83% of WIC0O2020 participants use this 170
value for SLAP2) and a less widely used SLAP2 &' Oysmow value of
—29.2000%0. We re-analysed the WIC0O2020 sample OH27 using
both SLAP2 §YOysmow Values during separate normalization proce-
dures. We found that while using the more common SLAP2 §"Oys.
mow Value of —29.6986%o, measured 57O values would fall within
the WICO2020 acceptable ranges. But, when using the less common
SLAP2 5 Oysmow Value of —29.2000%o, measured 870 values were
unacceptable. Therefore, research using 57O data should report
which SLAP2 87Oysmow normalization value is used to increase
transparency and data comparability.

After isotopic analysis, 8°H, 870, and 580 data can undergo
mathematical corrections and other post processing analyses
(i.e., the O contamination detection method). Corrections can be
applied given detection of contamination, other analysis interfer-
ences such as ‘surface fractionation’ effects, or extraction induced
biases (Chen et al., 2020; Gralher et al., 2016; Hendry et al., 2011;
Leen et al., 2012; Martin-Gémez et al., 2015; Song et al., 2021).
Song et al. (2021) explicitly state their correction approach was a
test, and not a proposed method per se. Corrections have also been
carried out on ecohydrological data (Barbeta et al., 2022; Duvert
et al., 2021) concerning newly studied ‘surface fractionation’ effects
(Chen et al., 2016). Research notes that organic contamination cor-
rection methods should be based on device-specific calibrations
(Leen et al., 2012; Schultz et al., 2011). Allen and Kirchner (2022)
note that there is no universal correction factor, and that develop-
ment of soil type-specific and plant species-specific correction fac-
tors should be advanced due to phenological changes in the
amounts and composition of organics in samples throughout the
seasons (e.g., soil with/without litter layers, plants with high sugar

contents).

Development of organic contamination correction approaches
requires detailed knowledge of the contaminants present and their
concentrations. Yet, few studies have published these analyte con-
taminant concentration data alongside isotopic data (see Millar
et al.,, 2018 for one example). This may be due to increased sample
requirements and costs involved in measuring contaminant concentra-
tions in extracted analytes. Analyses such as proton transfer reaction-
time of flight-mass spectrometry (PTR-ToF-MS) (Vivaldo et al., 2017)
and gas chromatography-flame ionization detection (GC-FID) (Millar
et al., 2018) can be utilized to determine organic compound concen-
trations in plant and soil extracted analytes. However, those are costly
and require larger volumes of water than are used in typical isotope
analyses (i.e., 1-4 ml), thereby requiring greater amounts of analyte
source materials.

3 | AVISION FORSOPs GUIDING ISOTOPE
TRACING IN ECOHYDROLOGY

We hope that we have shown the staggering range of issues affecting
stable isotope-based ecohydrological research. So now, what to do
about it? It seems clear that the way forward is standardization.
Indeed, a staple of the scientific method is reproducibility through the
use of unified SOPs and methods. Standardization results in data
being collected the same way by all and dramatically improves our
confidence in the comparability of data sets. Best practices guidelines
are common in science (see Bond & Hobson, 2012 or Szpak
et al.,, 2017), as is terminology standardization (McMillan, 2022). But
currently there are no SOPs guiding stable isotope-based ecohydrolo-
gical investigations. The WATSON-COST initiative (https://watson-
cost.eu/about/) is an internationally collaborative effort between criti-
cal zone researchers currently working to develop such standardized
protocols for our shared process chain. To standardize our methods,
we collectively need to reduce the number of process chain combina-
tions. We suggest several options, amplifying voices of other
researchers, that could lead our field towards standardization.

3.1 | Regarding sampling considerations

e There is a need for a deeper understanding of and transparency in
reporting for sampling approaches. The parts of the plant we sam-
ple and how we do so can affect our isotopic data and thus subse-
quent sourcing and modelling interpretations. Our various research
questions provide many reasons to sample different plant compo-
nents (Halbritter et al., 2020). Therefore, we hesitate to suggest a
standard approach as there is yet to be a community consensus.
Data are currently limited regarding how various sampling
approaches affects sample isotope composition. A too rigid unified
SOP at this stage would not be helpful.

o As with WATSON-COST, we suggest that defining best practices
may be a way forward. A starting point would involve a global sur-

vey that compiles and assesses best practices guiding plant and soil
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sampling. Follow up experiments could test sampling technique
effects on isotopic results. The WATSON-COST initiative and

others are actively addressing this issue.

3.2 | Forstorage and transport

e Sample storage best practices should use glass vials with polymer

screw caps (Bottcher & Schmiedinger, 2021; Spangenberg, 2012;
Spangenberg & Vennemann, 2008), thick walled HDPE and PFA
containers (Spangenberg, 2012) and/or Al-laminated bags (Gralher
et al.,, 2016). Reviewers should demand these best practices during
manuscript review.

Specifically for users of vapour-bag methods, samples should
be stored in heat-sealed Al-laminated bags of 1-L volume, uti-
lizing equilibration times of no less than 2 days. Samples
should contain 22-ml of water (Gralher et al., 2021). This last
consideration requires pre sampling testing of collected mate-
rials to ensure appropriate water contents. The approach by
Magh et al. (2022) shows promise for storage of unfractio-
nated vapour samples.

Samples should be stored as soon as possible in cooled conditions
between 0 and 10°C to limit the destructive effects of freezing on
soil microstructures and plant cell walls while simultaneously
decreasing the risk of diffusive fractionation (Bottcher &
Schmiedinger, 2021; Fischer et al., 2019; Gralher et al., 2016).

Agreement on and implementation of these practices appears

straightforward.

3.3 | For analyte extraction

e There are currently unresolved issues with data reproducibility

across extraction systems of the same type, (e.g., CVD; Orlowski
et al., 2018) and across different extraction approaches (Barbeta
et al,, 2022; Millar et al., 2018; Orlowski et al., 2019; Orlowski,
Pratt, & McDonnell, 2016; Zuecco et al., 2022). This is highly prob-
lematic for comparability and meta-analyses of isotopic data.
Others state that it may not be possible to develop a unified SOP
for a given extraction approach (Jiang et al., 2021; Orlowski
et al., 2019). However, we suggest a unification of system designs
could be required before attempted implementation of standard-
ized extraction procedure. Much more research is urgently

needed here.

e Allen and Kirchner (2022) suggest research is needed to fully

define extraction system induced biases, and the interrelated
biases induced by soil properties and specific plant species. Given
the wide variety of system designs, soil property combinations,
and plant species, this will take time. But we agree that it is
urgently needed! As a first step, soil property analysis and plant
phenological parameters should be reported alongside isoto-

pic data.

e Orlowski et al. (2018) suggest that in-house testing of spiked soils
with different properties may be helpful as a lab-based calibration
approach. Corrections generated from these calibrations must also
be reported for transparency. We acknowledge the current debate
on soil-spiking experiments but advocate more research on this
topic to inform future SOP discussions.

e At minimum, we advocate that all publications utilizing extractions
report their extraction conditions, and more importantly, extraction
efficiencies as a crucial internal check for data integrity and to
increase transparency.

e Water-to-water extraction tests (as per Orlowski et al, 2013)
should be carried out along all extraction systems capable of doing
them as a proof of concept and reported in publications. This may
not be possible for some extraction systems (i.e., centrifugation
and HPMS), due to design constraints.

e Method intercomparisons suggest selecting approaches based on
soil and plant water pools of interest. We emphasize that the vari-
ous soil analyte extraction approaches may be accessing unique
pools of water relative to those extracted with CVD (Bowers
et al, 2020). For plant samples, the cavitron and Scholander
pressure-bomb methodology shows promise for selective extrac-
tion of sap analytes (Barbeta et al., 2022; Zuecco et al., 2022).
Those methods are dependent on the size of the sampled twig/
branch and the resulting amount of analyte sampled. More
research is needed to define extraction approach biases and their
access to plant and soil water pools to inform future SOPs.

e A worldwide survey of laboratories' extraction system methodolo-
gies assessing extraction conditions and system design would be a
helpful starting point for the development of standardized design,
best practices documents, and finally, a unified SOP for individual
extraction approaches.

e Vapour innovations such as in situ and in-line techniques can
bypass some parts of the process chain. While currently costly and
labour intensive, these techniques may be a way of simplifying the
number of steps in these investigations. However, noted issues

with these systems must be addressed first (see below).

3.4 | Forisotope analysis and correction
approaches

e Following on from the last point: due to enhanced issues with
organic contamination during vapour analyses (Millar et al., 2021),
these approaches require further refining before full adoption. Fur-
ther research focused on addressing organic contaminant vapour
phase concentration issues during vapour method analyses should
be prioritized.

e Increased transparency and collaboration could be pursued with
manufacturers of IRIS systems to better understand the mathemat-
ical fitting functions used by these systems to produce isotopic
data and contamination flagging.

e Techniques like GC-FID and PTR-ToF-MS should be utilized to
determine the types and quantities of organic contaminants
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present in extracted analytes. Simplification of these techniques
would decrease costs and significantly improve our ability to
develop and report on contaminant-specific correction approaches.
Regardless of costs these techniques should be utilized, and results
reported in publications suggesting correction methods focused on
organic compound contaminated analytes.

o Development of internationally certified water standards for 7O
values is needed (Wassenaar et al., 2021) and improved SOPs and
post-processing techniques should be advanced to enhance 570
measurement accuracy with IRIS systems. Until that is accom-
plished, researchers reporting 8”70 data should also report which
SLAP2 values they used for 51O normalization (SLAP2 example in
section 2.4). Labs using IRIS methods can calibrate their own refer-
ence water 70O values (see Schoenemann et al., 2013).

e Accurate and transparent reporting of error propagation (Pierchala
et al., 2019; Wassenaar et al., 2021), applied correction factors, and cor-
rection techniques should occur in any publications using corrections.

e A database of biases induced by specific plant species and soil
properties could assist in development of a future internationally
agreed upon set of correction factors (Allen & Kirchner, 2022).

¢ Finally, we suggest that developing correction approaches for iso-
topic data, while valuable and necessary, should proceed cautiously
due to the large number of potential errors and contributing fac-
tors detailed in our process chain discussion. Specifically, correc-
tions based on surface fractionation effects and extraction induced
biases should be preceded by further research to better understand
the mechanisms responsible for these effects. It may be that some
of the errors introduced along the process chain will propagate in
ways that impact correction approaches. The latter is not to say
that the development of correction approaches should halt, but
rather that these potential confounding problems should be
accounted for beforehand or be folded into correction calculations

and clearly reported in publications.

4 | SUMMARY

To achieve best practices in ecohydrology, unified SOPs for ecohydro-
logical isotope investigations will be needed. This will require commu-
nity willpower, which starts with seeing the problem in its entirety.
This Briefing has attempted to outline the problem as a whole, detail-
ing the confounding issues at each process chain step. We hope to
spur debate, discussion, community response, and—most
importantly—action! In the end, standardization will come from con-
certed community efforts, through cooperation to study and address
the problems noted here, and through mutual efforts to increase

transparency across isotope-based ecohydrological investigations.
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